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Atomic force spectroscopy (AFS) is one of the most promising and powerful tools to get

information on biorecognition processes at single molecule resolution. AFS allows to measure

forces acting between biomolecules undergoing biorecognition process with a picoNewton

sensitivity in near-physiological conditions and without any labelling. The capability of AFS to

provide detailed information about the kinetics and thermodynamics of a single pair of

interacting biomolecules, besides complementing traditional biochemical approaches, offers the

possibility to elucidate non-conventional aspects of biorecognition processes, such as rare events,

transient phenomena, conformational changes and molecular heterogeneity. Despite its enormous

capabilities and potentialities, AFS as applied to biomolecular interactions, has provided some

ambiguous and controversial results in different experimental contexts. The present critical review

describes, after an in-depth introduction to AFS and to the most used experimental and data

analysis procedures, the more recent and rewarding ideas and advancements to overcome the

main critical aspects faced in the investigation of biorecognition processes. Possible developments

of AFS in applicative fields are briefly addressed (150 references).

1. Introduction

Biorecognition processes involving molecules, such as proteins,

DNA and lipids, play a fundamental role in life.1 Through

specific recognition mechanisms, biomolecules can build

reversible, or irreversible, complexes able to perform a variety

of functions, such as cell adhesion, genome replication and

transcription, signalling, immune-responses, maintaining of

the cell architecture, etc. The ability of biological molecules

to undergo these highly controlled and hierarchical processes

is driven by molecular-scale forces based on a combination of

non-covalent interactions (i.e. van der Waals, hydrogen bonds,

ionic and hydrophobic), which determine the strength and the

characteristic time of the interactions.

Biochemistry methods have been applied to study the

thermodynamics and the kinetics of complexes between

biomolecular partners free in solution, or when one of them
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is immobilized onto a surface.2 These techniques include

rather standard approaches, with or without labelling, such

as optical spectroscopies, nuclear magnetic resonance (NMR),

differential scanning calorimetry and surface plasmon resonance

(SPR).3–5 However, since bulk techniques operate an ensemble

averaging, they are not able to elucidate a variety of aspects

inherent to individual molecules, e.g. rare events, transient

phenomena, crowding effects, population heterogeneity, etc.

With the advent of single molecule techniques, the study of

these aspects has become accessible, offering a new and

powerful tool for a deeper understanding of biological

processes.6,7 The repertoire of single molecule techniques is

rapidly expanding, including optical and magnetic tweezers,

biomembrane force probe, laminar flow chambers and atomic

force spectroscopy (AFS).8–12 AFS represents a particularly

valuable methodology to investigate biological systems, allowing

to probe intra- and intermolecular forces with high sensitivity

in physiological conditions and without any labelling.

AFS can be performed using atomic force microscopy

(AFM) equipment, which is a high-resolution imaging tool

based on force measurements, suitable to investigate the

morphological properties of biological samples without any

label or sample treatments, as instead is required in confocal

or electron microscopies.13–14 AFM imaging is obtained by

scanning a very sharp tip, located at the end of a cantilever

spring, over the sample placed on a surface mounted on

a piezoelectric scanner which is able to assure a three-

dimensional positioning with subnanometer resolution.15

The interaction force between the tip and sample is measured

by the cantilever deflection which is used to create a topo-

graphical image of the sample when the tip is raster-scanned in

the horizontal x–y plane.

In the AFS modality, the tip is moved only in the vertical (z)

direction, perpendicular to the sample plane, downwards until

it contacts the sample surface and then upwards till no

tip–sample interaction is felt, by producing force–distance

curves, usually in a cyclic manner.16 The high force sensitivity

(of the order of pN), together with the optimal displacement

resolution (about 0.1 nm), the small probe–sample contact

areas (as small as 10 nm2) involving very few molecules, or

only one, are of utmost relevance to elucidate the most subtle

molecular features of biological systems. Indeed, AFS has

been applied to investigate a variety of biological structures

and processes, such as ligand–receptor or antibody–antigen

pairwise interactions, protein unfolding, molecular stretching,

conformational changes, cell deformation, membrane elasticity,

adhesion between cells, etc. 17–23 Furthermore, AFS has a

high potential for application in nanotechnology to develop

innovative biosensors, especially in combination with ultra-

sensitive optical spectroscopies or coupled with conductive

measurements.24–26

To study by AFS the unbinding of interacting biomolecules

forming a complex, one partner is bound to the substrate and

the other to the tip; cross-linkers covalently connecting the

biomolecules to the surfaces being often used.27,28 The AFM

tip is brought into contact with the surface and a complex

between the partners may be formed, provided that the

biomolecules have enough flexibility and re-orientational free-

dom to assume the correct mutual configuration. Remarkably,

such a condition well mimics some real situations in which

biorecognition takes place between partners, one of which is

attached to a surface, such as a membrane or a cell surface.29

When the tip is retracted from the surface, the bond between

the partners is sharply broken when the applied force overcomes

a threshold, usually called the ‘‘unbinding force’’ or ‘‘rupture

force’’. However, since AFS measurements are performed

under the application of an external mechanical force, the

equilibrium energy landscape of the system is perturbed and

the measured unbinding forces depend on the rate at which the

force is applied, denoted the loading rate.30 The evaluation of

the equilibrium parameters from inherently non-equilibrium

pulling experiments, can be done within appropriate theoretical

approaches.31 In the framework of the Bell–Evans phenomeno-

logical model, which assumes a decrease of the activation

barrier proportional to the applied force, the dissociation rate,

koff, of a complex and the energy barriers can be extracted

from an analysis of the unbinding force as a function of the

loading rate.32

Although AFS has demonstrated enormous capabilities to

provide detailed information on biological complexes, at

single molecule level, the occurrence of some ambiguous and

controversial results has been registered in different experi-

mental and modelling contexts. Therefore, great care should

be exercised in both experimental and analysis procedures in

order to eliminate possible drawbacks and artifacts which

might spoil the success of AFS. In the following, we will

address some issues whose control is crucial to obtain the

most reliable results from AFS, applied to the study of

biorecognition process.

(i) Single molecule biorecognition studies require that only

an individual pair of interacting biomolecules is effectively

involved in the unbinding process. The occurrence of sequences

of multiple bond ruptures, or detection of large unbinding

forces, could be indicative, instead, that a number of molecules

participate to the unbinding process. To provide a reliable

description of the unbinding processes, a control of the

immobilization procedures of the biomolecular partners to

the tip and the substrate, respectively, is strongly required to

limit, at the best, multiple events. Furthermore, data analysis

procedures, able to well-discriminate single molecule events

from multiple ones, are highly desirable.

(ii) The AFS data are often affected by the presence of

unbinding events related to nonspecific interactions between

the probe and the substrate. These events may arise from an

improper spatial orientation of the partners, inappropriate

contacts, or nonspecific adhesions between the functionalized

tip and the substrate, even without the involvement of bio-

molecules. Accordingly, it is of utmost importance to establish

criteria which allow to reliably discriminate between specific

and nonspecific interactions by recognising false positive

events.

(iii) Although the Bell–Evans phenomenological model has

been successfully applied to describe the trend of the unbinding

force as a function of the loading rate for several biomolecular

complexes,33–38 the observation of some contradictory or

scattered results has stimulated some corrections, or further

developments, of this model.39,40 Along this direction, an

intense activity has been devoted to better understand the
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mechanisms involved in the unbinding processes under the

application of an external force (see e.g. refs. 41 and 42).

Additionally, alternative theoretical approaches to derive the

equilibrium free energy from mechanical work performed in

non-equilibrium measurements, has recently opened a new

perspective in the study of biological systems.43

On such a basis, we wish to critically revisit the applications

of AFS to investigate biological complexes, at the single

molecule level, by especially focusing the attention on recent

ideas and advancements on both the experimental and data

analysis procedures, which offer solutions to overcome the

above mentioned critical aspects. In particular, the strategies

developed to immobilize the interacting biomolecules, in order

to favour a correct interaction between them, to reduce

multiple events, and to discriminate between specific and

nonspecific unbinding events will be reviewed. Additionally,

the current methodologies to analyze the force curves, and the

main theoretical models to extract kinetic and thermo-

dynamical quantities from AFS data will be outlined. Finally,

the potentialities of AFS in applicative fields, especially for

ultra-sensitive detection, even in combination with other single

molecule techniques, will be briefly addressed.

The review is organized as follows. In section 2, the kinetics

of biorecognition is briefly discussed also in connection with

the capabilities of AFS and of other, related single molecule

techniques, to provide information on the mechanisms under-

lying the formation of biological complexes. In section 3, the

AFS technique is briefly described with a particular focus on

those experimental aspects relevant to study the unbinding

processes of interacting biomolecules. The methodologies and

the emerging solutions to immobilize the two biomolecular

partners to the AFM tip and the substrate, are reviewed in

section 4. Section 5 provides an overview of the main features

characterizing the force–distance curves of the unbinding

processes and of the corresponding data analysis procedures.

The theoretical models currently used to analyze the unbinding

forces in order to extract kinetics and thermodynamics

information, are presented in section 6. Finally, a brief

summary together with additional, upcoming capabilities

and potentialities of AFS to investigate single biomolecular

complexes, are considered in section 7.

2. Biorecognition processes

Biorecognition plays a central role in life. A large part of

functions in a cell resides in the recognition between bio-

molecules and the subsequent formation of specific molecular

associations held together by a collection of non-covalent

bonds. Upon undergoing a biorecognition process, biomolecules

give rise to an extremely wide variety of associations with

very different properties: from antigen–antibody complexes

characterized by a tight binding, long life-times and high

specificity, to short-lived transient complexes formed by

molecules that recognize multiple partners, often with a charge

transfer capability.44–46 Biorecognition has been widely

studied from both experimental and theoretical points of

view,47 however many aspects of how it works are still

debated. For example, the capability to predict the structure

of a biomolecular complex, if the single components are

known, remains a challenging task of theoretical biology.48

The molecular mechanisms underlying biorecognition processes

can be described within different frameworks. The ‘‘Lock and

Key’’ theory takes into account an almost perfect fit between

the partners whose shapes are assumed to be rather rigid.49 At

variance, the ‘‘Induced-fit’’ theory assumes that one partner,

e.g. the ligand, plays a role in determining the final shape of

the other one, e.g. receptor, which is partially flexible.50

Alternatively, a mechanism has been recently proposed for

which proteins adapt their structure to different binding

partners through a conformational selection arising from

structural heterogeneity thermally accessible in solution.51 A

quantitative description of a biorecognition process requires a

kinetic treatment. When two molecular species A and B with

mutual affinity are mixed in a solution, their association, AB,

satisfies the following time-dependent equation:

d[AB]/dt = kon[A][B] � koff[AB] (1)

where the square brackets stand for the concentration of the

molecular species, kon and koff are the association and

dissociation rates of the complex, respectively, which describe

the kinetics of the interaction. The kon parameter is mainly

related to the diffusive properties of the biomolecules, with

some dependence on the distance and orientation between

the partners.52 By contrast, koff, which is related to the

characteristics lifetime to of the complex (to = koff
�1),

provides more information on the specificity of the reaction.

In the framework of the Kramer’s theory, for a reaction in

which the bound and the unbound states are separated by a

single energy barrier proceeding through a specific path along

the reaction coordinate, koff is given by an Arrhenius-like

expression:53

koff = w exp(�DG*/kBT) (2)

where DG* is the activation free energy of the reaction (i.e. the

difference in free energy between the initial state and the

transition state of the highest energy to which the system must

be raised before dissociation can occur (see Fig. 1)), kB is the

Boltzmann constant, T is the absolute temperature and w is the

pre-exponential factor which is usually taken as temperature

independent. The reaction between A and B will tend to an

equilibrium state (d[AB]/dt = 0), by following the mass

action law:

½AB�
½A�½B� ¼

kon
koff
¼ Ka ¼

1

Kd
ð3Þ

where Ka and Kd are the association and dissociation con-

stants, respectively. A high value for Ka is indicative of high

affinity between the two molecular species A and B.

From the relationship Ka = kon/koff, it comes out that the

same Ka value could arise from different values of kon and koff.

Accordingly, two complexes could be characterized by similar

affinity, but different timescales. While such an aspect is not

relevant at equilibrium, it could play a crucial role if the

temporal course of a reaction has some interplay with other

processes, as happens in biological systems. In other words,

biomolecular interactions could be not necessarily optimized

to achieve the highest affinity, but they could have been
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selected to reach the best result in a short time.52 For example,

maturation processes of antibodies select those biomolecules

characterized by a high association rate, i.e. high kon, able to

target antigens rapidly, instead of promoting complexes with

high affinity.54 On the other hand, the different responses of T

lymphocytes to bind protein ligands having almost the same

affinity, can be traced back to a different dissociation rate.55 A

detailed investigation of kon and koff is, therefore, of utmost

relevance for a full understanding of the mechanisms underlying

the biorecognition process between biomolecular partners.

Classical biochemistry methods, usually applied to investigate

the interaction of biomolecules in solution, include a wide

range of techniques. In particular, the absorption and emission

of optical signals, even implemented in stopped-flow setups,

can be monitored to extract thermodynamics and kinetic

constants.2 However, these types of measurements can provide

only a description in bulk. This means that some aspects, such

as transient phenomena, rare events, conformational changes,

population heterogeneity, crowding effects, influence of

compression from adjacent cells, etc., cannot be elucidated

since they are hidden in the ensemble average. At the same

time, biomolecular interactions probed in solution might be

not representative of processes occurring in two dimensions,

i.e. when one, or both the biomolecules are anchored or

embedded on a cell surface. In these cases, the biomolecules

may undergo a restricted motion which could affect their

biorecognition capability and kinetic response.56,57 Even if

now there are available techniques, such as SPR, which allow

to investigate kinetic properties of molecular complexes, when

one of the partners is immobilized onto a surface, a full

characterization of these processes may not be achieved

because they interrogate samples containing a large number

of biomolecules.58 In this respect, the capability of innovative

techniques to investigate biological systems by scaling down

to single molecule level could constitute a rewarding tool

complementing biochemical approaches. Among single molecule

techniques, AFS has the advantage to sense interaction forces

with an extremely high sensitivity (pN) and to allow the

evaluation of the dissociation rate koff, in near-physiological

conditions and without any labelling, even for an individual,

immobilized couple of interacting biomolecules. In addition,

AFS permits to estimate the number and the height of the

energy barriers involved in the unbinding processes.32,43

The study of biorecognition processes by AFS can take

advantage from a comparison with the results from other,

related single molecule techniques, such as flow chambers,

optical trappings and biomembrane force probe.6,52,59 In

particular, biomembrane force probe, which exploits the

deformation of a microvesicle under tension as a force sensor,

used in combination to AFS, has contributed to resolve the

ambiguities which have arisen in the study of the streptavidin–

biotin complex60 (see also section 5).

3. Overview of the AFS technique

AFS measurements are performed by an AFM equipment

consisting of a cantilever (rectangular or V-shaped), usually

made of silicon or silicon nitride, with a sharp tip held above a

piezoelectric scanning stage on which the sample is mounted,

as schematically shown in Fig. 2;61 the tip having a radius

of curvature on the order of nanometers. In an alternative

setup, the cantilever, rather than the sample, can be moved

by the piezoelectric translator.15 The AFM apparatus can

operate in vacuum, in air and in liquid, including physiological

buffers. The scanner can be moved in three dimensions by

a subnanometer amount when a voltage is applied. The

resolution in the vertical (z) direction is tenths of angstroms,

and is limited by thermal noise, while the resolution in

the x–y plane is a few nanometers, being generally limited

by the tip curvature radius.15 The tip–sample interactions,

arising from a variety of forces (electrostatic, van der

Waals, frictional, capillary, chemical, etc.), yield a cantilever

deflection, d, which is detected by using a laser beam

bouncing off the back of the cantilever onto a position-

sensitive photodetector (providing current or voltage readings)

(see Fig. 2).62,63

To form an image by AFM, two main operating modes can

be used: static or contact mode and dynamic mode. In contact

mode, the tip is brought close to the sample and then it is

raster-scanned over the surface by applying a constant force

through a feedback mechanism. By detecting the cantilever

deflection, due to probe–sample interactions, a mapping of the

surface characteristics at sub-nanometer resolution can be

obtained.

In the dynamic mode, the cantilever interacts intermittently

with the sample. In particular, in tapping mode, images can

be acquired by putting the cantilever in oscillation with a

Fig. 1 A schematic diagram of the energy profile for a dissociation

process of a biomolecular complex without an external force (continuous

line) and under the application of an external force F (dashed line).

DG* and DG*(F) are the corresponding activation free energies.

Fig. 2 Scheme of the main components of AFM apparatus.
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frequency close to its resonance frequency, at an amplitude

typically between 100 to 200 nm; the surface being raster-

scanning by maintaining the amplitude constant through a

feedback.64 Since the tip touches the sample only at the end of

its downward movement, sample damage by scanning

the probe is greatly reduced. For this reason, the tapping

mode is commonly preferred for studying biological

systems.65 A detailed description of AFM principles and

applications to biological systems can be found in refs. 14,

15 and 66–68.

An AFM apparatus can be used as a force measuring device

in the modality usually called AFS. The deflection of the

cantilever provides a readout of the force exerted on the

sample, while the displacement between the surface and the

tip is simultaneously controlled. More specifically, at a fixed

location of the x–y plane, the piezo-scanner is moved, at a

constant speed with respect to the substrate in the vertical

direction (z) toward the tip and backwards. The deflection of

the cantilever, recorded as a function of the vertical displace-

ment z, in a cyclic way, is usually called a force curve. When

the tip and the sample are well separated, no interaction is

sensed between them; while at shorter separation, the tip–sample

interaction results into a cantilever deflection (a detailed

description of the force curves will be given in section 5).

Within an approximate harmonic potential, the deflection of

the cantilever, d, can be then converted into a force

value through the Hooke’s law, F = kd. Accordingly, an

experiment performed at a constant speed, v, is characterized

by a constant loading rate, R = dF/dt = kv. The effective

value of the cantilever spring constant k may be generally

different from the nominal one provided by manufacturers.

Several experimental procedures to evaluate the spring

constant k have been developed.15,69 A common method

consists of attaching a known mass at the end of the cantilever

and to measure the resulting change in its resonance

frequency.70 Alternatively, the stiffness of the cantilever can

be obtained through comparison with a reference cantilever.

One of the most used methods, implemented in many

commercial AFM equipments, is based on cantilever thermal

noise analysis.71

The cantilever of unknown spring constant k, is modelled as

a harmonic oscillator and undergoes random fluctuations due

to thermal vibrations. k can be calculated by measuring the

mean square deflection hd2i, through the equipartition theorem,

k = kBT/hd2i, where kB is Boltzmann constant and T the

absolute temperature. For AFS measurements, cantilevers with

small spring constants (usually in the range 101–102 pN nm�1)

and short lengths (o 50 mm) are preferred since they are

characterized by lower force noise.72 Noticeably, the cantilever

spring constant k, can be modified due to the functionalization

with one of the biological partners.

The accuracy in the measurements of the displacement

along the z direction can be affected by the nonlinear trend

with the voltage, connected with drift, hysteresis and creep, of

the piezo-electric actuators;73 this may compromise a precise

positioning of the sample. The introduction of closed-loop

feedback scanners has practically eliminated these problems

by allowing to accurately determine the position of the tip with

respect to the sample.

4. Biomolecule immobilization strategies for

unbinding experiments

To study the interaction between biomolecules undergoing a

biorecognition process, one partner is bound to the apex of

AFM tip, while the other one is immobilized on the substrate

(see Fig. 3).

These immobilization procedures should satisfy some

general requirements:6,16 (i) The anchoring of the biomolecules

to the inorganic surfaces (tip and substrate) must be stable and

stronger than the intermolecular forces holding the complex to

be studied. To such an aim, covalent bonding is usually

preferred. (ii) The native structure and functionality of the

biomolecules are to be preserved, at the best, upon their

immobilization onto the solid surfaces. (iii) Despite the

engagement of part of the biomolecule in the covalent attachment,

the interacting regions of both the partners should remain

available for their recognition.

At the same time, the biomolecules should retain a sufficient

mobility and re-orientational freedom to favour a recognition

process. (iv) Nonspecific interactions between the functionalized

tip and the substrate should be avoided, or minimized, in order

to limit the presence of artifacts. (v) Finally, the immobilization

strategies should ensure that a single couple of interacting

biomolecules is analyzed at each time. In this connection, a

special attention should be devoted to check the environmental

conditions (such as the pH, ionic strength, density and

orientation of the biomolecules on the surfaces), as well as

to assure a high purity of biomolecules.

In the last few years, the above-mentioned requirements

have resulted in considerable efforts to develop strategies able

to properly attach the biomolecules to the surfaces via covalent

or noncovalent bonding with the support of surface chemistry

techniques. The most commonly used substrates are constituted

by silicon, glass, mica and gold. In the first pioneering AFS

experiments, an immobilization of the biomolecules directly

on the surfaces (tips or substrates) has been achieved (see

Fig. 4).16 For example, proteins that carry a net positive

charge at the working pH conditions, can be immobilized

electrostatically on freshly cleaved mica which is negatively

charged.37,74–76 On the other hand, biomolecules can be

Fig. 3 Schematic representation of the AFS setup for an unbinding

experiment of a biomolecular complex. Both the partners are

immobilized to the surfaces (tip or substrate) by flexible spacers.
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directly immobilized on the tip, usually made of silicon or

silicon nitride, or even on glass substrate, via a reaction of

specific groups of biomolecules (mainly, oxydryl or methoxy)

with the oxydryls of the surfaces, available directly or after

chemical or physical treatment.12,29,77

Furthermore, biomolecules can be anchored on gold

substrates through their exposed, native or engineered, thiol

groups, thanks to the gold capability to form covalent bonds

with sulphur atoms.78–80 We note on passing that the use of

conductive substrates in AFS experiments, allowing to achieve

a good electric conduction through the molecule toward the

substrate, makes feasible to combine AFS with conductive

measurements, e.g. by scanning tunnelling microscopy (STM)

or conductive-AFM, in the perspective of multisensing

detection.26

Thiol groups can be also exploited to anchor biomolecules

on tips, upon coating their apex with a thin layer of gold

(50–100 nm).81

Today, the use of short and rigid, or longer and flexible (or

even a combination of both) cross-linkers is widely preferred

to connect inorganic surfaces with biomolecules. In general,

the introduction of linkers has several advantages. (i) Linkers,

placing biomolecules at a certain distance from the solid

surface, can prevent distortions and denaturation due to a

direct biomolecule–surface interaction.82,83 (ii) In the presence

of linkers, specific unbinding events take place far away from

the sample surface, while the nonspecific ones remain near the

tip–surface interface.84,85 (iii) The presence of flexible linkers

endows the biomolecules with both an increased mobility and

a re-orientational freedom that may favour an optimized

recognition between the partners. (iv) A flexible linker under-

goes, during the tip-retraction, a stretching process whose

peculiar features can help to discriminate between specific

and nonspecific unbinding events (see also section 5).

Linkers are heterobifunctional molecules, often polymers,

which carry two different functional ends, one to link the

inorganic surface and the other to target specific functional

groups of the biomolecule, or of another linker.16,29 Some

preparation protocols involve a preliminary functionalization

of the surfaces with self-assembled short spacers with one end

suitable for reaction with the surfaces, and the other for

reacting with other molecules (linkers or biomolecules). For

example, gold, or gold-coated surfaces (substrates or tips)

can be functionalized with alkanethiols, such as cysteamine,

bearing, at one end, a thiol group having a high affinity

for gold and the other with a group able to target the

biomolecules.26,86 Glass substrates, silicon or silicon nitride

tips, after a chemical or physical treatment to expose oxydryl

groups, can be functionalized with silanes, or alcohol-based

spacers, such as ethanolamine.87,88 The most used reacting

groups within the available protocols for tip and substrate

functionalization are summarized in Scheme 1.

One of the mostly used flexible linker in AFS is the hetero-

bifunctional poly(ethylene glycol) (PEG).28,84,89 PEG is a

versatile polymer, with well-characterized stretching proper-

ties, which can be synthesized at different lengths and bearing

different functionalized ends.

Other types of molecules, such as DNA, antibodies, amino-

acids, oligomers (e.g. Titin domains), have been employed

to provide a bridge between inorganic surfaces and bio-

molecules.90–94 Again, the stretching features of these

molecules provide some help to discriminate between specific

and nonspecific unbinding events.28,95 Alternative protocols

exploit nitrilotriacetate (NTA)-terminated linkers, able to

target histidine, together with recombinant histidine-tagged

proteins.96,97 In this way, all the biomolecules are uniformly

oriented and possess a good flexibility which favours the

interaction between the partners.96 However, the low binding

strength (150–200 pN) limits its applicability in the study of

Fig. 4 Representation of the main strategies to directly anchor

biomolecules to inorganic surfaces (tip and substrate).

Scheme 1 Reaction 1: A carboxyl function can be reacted with amino

groups belonging to proteins (or to linkers), using 1-ethyl-3-(3-di-

methylaminopropyl) carbodiimide (EDC) and N-hydroxysuccinimide

(NHS) in aqueous solution.81 Reaction 2: Molecules ending with the

NHS function can be reacted with amino groups in presence of EDC.81

Reaction 3: Maleimide (MAL)-terminated polymers can form a stable

carbon–sulfur bond with a thiol group, in the presence of a solution of

N-succinimidyl 3-maleimidopropionate (SMP).26 Reaction 4: Polymers

ending with 2-pyridyldithiopropionyl (PDP) can be reacted with a

sulfur group.86 Reaction 5: Polymers terminated with N-succinimidyl-

S-acetylthiopropionate (SATP), can be reacted with disulfide moieties

of proteins after deprotection of SATP with a solution of hydroxyl-

amine, ethylenediaminetetraacetic acid (EDTA), and dithiothreitol

(DTT).83 Reaction 6: Nitrilotriacetate (NTA)-terminated spacers can

react with histidine residues.96
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some biological complexes.16 Finally, we mention an interesting

strategy exploiting the properties of functionalized carbon

nanotubes, for specific attachment of single molecules.98

As above stated, an ideal AFS unbinding experiment should

involve possibly a single couple of interacting biomolecules. In

this respect, substrate and tip, when functionalized at low

coverage, certainly favour the occurrence of a single rupture

events. However, many AFS experiments have been

performed with a full coverage of biomolecules on the

substrate, and a low density of the partner on the tip. These

conditions, besides favouring multiple events, can also give

rise to some steric hindrance, with some hampering of

the binding process. Nowadays a low biomolecular coverage

also on the substrate is preferred.99 To achieve a controlled

density of partners on the surfaces, functionalization strategies

using a mixing of linkers with different capability to target

biomolecules, have been implemented. For example, linkers

bearing at one end a protein-resistant group (e.g. oligo-

(ethylene glycol) (OEG)) can be mixed with linkers able to

target specific groups of the protein, such as NHS (see also

Scheme 1).100,101

The functionalization of the substrate should be prelimina-

rily checked to verify that biomolecules have been effectively

immobilized on it. To this purpose, several approaches have

been followed, including enzyme immunological assay to

verify the protein activity, X-ray photoelectron spectroscopy

to analyze the surface chemical composition and AFM

imaging to analyze the morphological properties of the

substrate.99

To visualize isolated biomolecules by AFM imaging, the use

of substrates with a low roughness, such as bare mica or

annealed gold substrates, are preferred. The height of the

AFM imaged spot can be then compared with the expected

dimensions of the biomolecules in order to obtain some

information on possible structural deformation.102 On the

other hand, for substrates with high molecular coverage, the

thickness of the molecular film can be evaluated by performing

scratching by AFM in contact mode and compared with that

expected from a single biomolecular layer.97,103

As already mentioned, a correctly designed immobilization

should take into account that the biomolecular regions

involved in the formation of the complex have to remain

available to undergo a biorecognition process. However, when

these interacting regions are not known, for example because

the crystallographic structure of the complex is lacking,

computational docking procedures can be used to predict

the most probable configuration of the complex. Conventional

docking, starting from the three-dimensional structures of the

individual partners, probes the full surfaces, looking for all

the possible binding modes.104 These obtained complex

configurations are ranked according to a scoring function,

which takes into account one or more criteria (geometric,

electrostatic, energy interactions etc.).44,48 The complexes with

the highest scores are further refined by applying further

criteria on the basis of experimental indication (e.g.mutagenesis)

in order to extract the best complex. The prediction of the final

structure of the complex can be then exploited to develop

immobilization procedures able to place the biomolecules with

a well-defined orientation on the surfaces.46,105,106

5. Unbinding experiments on biomolecular

complexes

5.1 Force curve analysis

To measure the unbinding force in a pair of interacting

biomolecules by AFS, the tip functionalized with one of the

biomolecules is approached, at a constant speed, towards

the partner-coated substrate; then, the tip is retracted to reach

the initial position. During an AFS experiment, a large

number of force curves (hundreds or thousands) are acquired,

often in a cyclic way, at the same, or at a different (x, y)

position.

A representative force–distance cycle is shown in Fig. 5. At

the beginning, the functionalized tip is far away from the

coated substrate, so there is no interaction, and no cantilever

deflection is recorded (point A). As the tip is approached

towards the substrate and the two biomolecules become closer,

the interaction forces begin to act causing a deflection of the

cantilever toward the sample for attractive forces (point B) (or

away from the sample in the case of repulsive forces). During

such a step, the tip and the substrate jump-to-contact. If the

two partners have enough flexibility and re-orientational

freedom to assume a correct reciprocal orientation, they

undergo a biorecognition process forming a specific complex.

A further pushing the tip on the substrate yields a higher

cantilever deflection due to mutual electronic repulsions

between overlapping molecular orbitals. Such a region, which

is typically linear (from point B to C) provides information to

convert the photodiode current or voltage into the cantilever

deflection through the sensitivity of the detector.107 The

approaching phase is stopped (point C) upon reaching a preset

maximum value of contact force (Fc) between the tip and the

sample; such a value being usually kept below 1 nN to avoid

damage of the sample. Then, the direction of motion is

reversed and the tip is retracted from the sample with a speed

that can be set at different value with respect to that applied in

the approaching phase. During the retraction, adhesion forces,

and/or bonds, formed in the contact phase, cause the tip to

adhere to the sample up to some distance beyond the initial

contact point, and the curve shows a hysteresis (from point

Fig. 5 Schematic diagram of a typical AFS force curve representative

of a specific unbinding event for a single biomolecular complex.
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D to E). As the retraction process continues, the spring force

overcomes the interaction forces and the cantilever pulls off

sharply, going to a non-contact position (jump-off-contact)

(point F). Such a jump provides a measure of the unbinding

force (also called the rupture force) between the partner

biomolecules. Values of unbinding forces below 15 pN are

usually assumed to be not significant, due to the signal-to-

noise ratio of commercial AFM apparata.16

The approach of a functionalized tip toward a coated

substrate does not necessarily result into the formation of

a specific complex. Actually, an improper spatial contact

between the biomolecules, or even an interaction between

the tip and the substrate without the involvement of one, or

both, the biological partners, may give rise to nonspecific

interactions. In these cases, of course, the jump-off-contact

does not provide information about the specific force between

the partners. Therefore, large efforts have been devoted to

develop criteria helping to reliably single out force curves

corresponding to specific unbinding events. Such a task is

somewhat difficult, since the real curves exhibit a sort

of ‘‘zoology’’ of different shapes and trends.34,103 A few

representative examples of curves are shown in Fig. 6.

Curve 1 does not show any detectable unbinding event,

since the retraction follows faithfully the approach. Curve 2

shows the occurrence of a jump-off-contact event, however,

the curve retains the same slope during the retraction in

the contact region. This can be attributed to a nonspecific

adhesion between the tip and the substrate, likely without the

involvement of the biomolecules and the corresponding force

curve is discarded.85 Curves 3 and 4, instead, show a trend

qualitatively reminiscent of that shown in Fig. 5, in which the

slope of the curves changes during the retraction process. This

is indicative that, at the beginning of the retraction process, the

cantilever is relaxed, while during further retraction, the

system becomes stretched.28,85 Such a behavior is commonly

attributed to specific events, especially when flexible linkers are

used to immobilize the biomolecules to the tip or to the

substrate.37,108 In this case, the unbinding length, evaluated

from the nonlinear portion of the retraction curve (see Fig. 5)

is expected to almost match that of the linker under

stretching.37 The stretching curve of the flexible linkers,

suitably modeled in terms of a worm-like chain or freely

joined chain, should be superimposed to the experimental

extension trace of the force curve preceding the jump-off-

contact.97,109,110 A good agreement between the fitted

and the experimental extension traces is assumed to be a

fingerprint for specific events.93,111 Notably, in the presence

of long elastic linkers, specific unbinding events occur far away

from the sample surface, while the non-specific ones remain

near the tip–support interface.34,38,85,100

Curves 5 and 6 show examples in which several jumps are

detected along the retraction. These jumps may reflect a

variety of phenomena: multivalent specific interactions, partial

stretching of the molecules, nonspecific interactions etc.34

When multiple jumps are observed, it is common to attribute

a force curve to a specific unbinding event if the last jump is

starting and ending at zero deflection; the last jump being

taken as representative of the unbinding process.37 On such a

basis, curve 5 is accepted, while curve 6 is discarded.

5.2 Statistical analysis of unbinding forces

Generally, the large variability observed in the force curves

can be traced back to the stochastic nature of the unbinding

process in the single molecule limit.87 To extract reliable

quantitative information, a statistical analysis of a large

number of force curves should be performed. In this respect,

a crucial aspect is represented by the selection of force curves

related to specific events, then discarding curves which can be

attributed to nonspecific ones; ambiguous curves being also

discarded to avoid the introduction of potentially ‘false

events’. Such a selection should be carefully done by applying

appropriate and reliable criteria, such as those mentioned in

section 5.1.

Upon selecting the curves related to specific events,

the unbinding frequency, given by the ratio between

successful events (i.e. events corresponding to specific

unbinding processes) over the total recorded events, can be

evaluated. Unbinding frequencies ranging from 15% to

even 85%, have been registered for different biomolecular

complexes.38,95,96,107,112–115 Noticeably, the unbinding

frequency may depend on the immobilization chosen for the

interacting biomolecules.80 Control experiments in which

the biorecognition process is inhibited, are used to confirm

the specificity of the detected unbinding events on statistical

grounds.12,95,107 This is achieved by saturating the tip or

the substrate with the complementary blocking agent (i.e.

the partner). A significant decrease (about 50%, or more) of

Fig. 6 Real AFS force curves for a biomolecular complex. Curve 1:

no event, curve 2: nonspecific event since the linear slope of the retrace

extends beyond the contact line; curves 3 and 4: specific unbinding

events; curves 5 and 6: multiple events. For more details see the text.
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the unbinding probability is expected to be observed for a

specific unbinding experiment. The persistence of a residual

activity after blocking has been detected for several systems,

even in very effective blocking conditions;28,38,95,115 such a

residual activity can be likely ascribed to the forced interaction

between the two molecules in the experimental setup.

Other kinds of experiments have been suggested to further

support the specificity of the unbinding events. For example, if

one of the partners is removed from the experimental setup

or even substituted with a noninteracting one, then the

disappearance of specific events can be checked.116 Interestingly,

the AFS technique has been also used to investigate the

competition of among two, or even more ligands for the same

binding site.117,118

The unbinding forces extracted from a collection of curves

assigned to specific events, are usually plotted as histograms;

the binding of the force values being normally kept higher than

5 pN. The resulting distributions are generally asymmetric and

more or less spread, with single or multiple peaks (see Fig. 7

and the related inset).41,89

This variability of the unbinding forces could be generally

ascribed to several factors, such as heterogeneity in the

formation of the complex, slight differences in the relative

arrangements of the partners, existence of different binding

sites, occurrence of multiple unbinding processes, etc.34,119

Notably, the unbinding force distributions, before and after

blocking, often exhibit almost the same shape (see Fig. 7). In

this case, the survived unbinding events can be assumed to be

of the same nature of the events recorded before blocking,

in agreement with the hypothesis that the residual specific

activity after blocking is due to the forced interaction between

the partners.38,95,103

The presence of clearly distinct peaks in the histograms has

been ascribed to the occurrence of multiple unbinding events,

i.e. a synchronous unbinding of more than one pair connected

in parallel.12 In particular, when the peaks in the distribution

are equally spaced (see inset of Fig. 7), the distance between

two subsequent peaks has been assumed as the quantum for

the unbinding force.12,36,103 However, analysis of multiple

peaks requires a special care since multiple unbinding events

could arise from different configurations in the experimental

setup. Biomolecules could be connected serially, in parallel or

in a zipper sequence.101,120,121 Besides the connection, the

effective number of interacting molecules should be known

in order to reliably analyze the data. For example, when n

biomolecular pairs are pulled at the same time, the effectively

applied loading rate could be shared among them; i.e. the real

loading rate could be 1/n the global value.34,120 To gain some

information about the spatial organization of the biomolecules, it

has been suggested to repeat the experiments by varying some

parameters, such as the density of the biomolecules or the

linker length. However, the main difficulty in interpreting

multiple bond measurements resides in the lack of a reliable

way to determine the number of the involved biomolecule

pairs.101 It is therefore extremely important to restrict the

possibility that multiple events may take place, adopting

immobilization strategies which allow to approach the single

molecule limit.

From an histogram collecting several specific unbinding

force values, at a given loading rate, the most probable

unbinding force can be extracted.122 For a single mode

distribution, such a quantity is often evaluated from the

maximum of the distribution or, if appropriate, by a fit with

a Gaussian function. When multiple peaks are observed, the

most probable unbinding force is usually evaluated from the

first peak. However, more accurate and refined procedures to

analyze the force distributions in the presence of multiple

unbinding events have been developed by simultaneously

taking into account both the unbinding forces and lengths,

even in connection with the elastic characteristics of the used

spacers.101,123

Since the analysis of the force curves requires to manage a

very large amount of data, it can be significantly simplified and

shortened if routine analysis procedures are implemented. To

such a purpose, the integration of well-defined criteria to

calibrate force distance data, peak detection, histogram

construction etc. should be implemented in an automatic

procedure. Along this direction, two attempts have been

recently developed to analyze AFS force curve data.116,124

Generally, the unbinding force depends on the number, the

strength, and the directionality of the noncovalent bonds

involved in the interaction. Furthermore, it is expected to be

strongly modulated by the chemical–physical conditions at

which measurements are performed, such as temperature, pH,

ionic strength, etc. On the other hand, since AFS experiments

are performed in non-equilibrium under the application of an

external force, the measured unbinding force varies with the

loading rate that the biomolecules feel when they are pulled

apart, as widely discussed in the next section. To get an idea

about the range spanned by the unbinding forces are placed,

a list of the values for some representative biomolecular

complexes is reported in Table 1; the nominal loading rate at

which the corresponding measurement has been performed

being also reported. For an almost exhaustive list of complexes

investigated by AFS see e.g. refs. 33 and 125. At the loading

rate of 10 nN s�1, the unbinding force values have been found

in a rather wide range, from 20 up to 240 pN. Strong and

Fig. 7 Example of unbinding force distributions of events recorded,

at loading rate of about 3 nN s�1, before and after blocking (data from

ref. 38). Inset: example of multiple unbinding force distributions of

unbinding events recorded (data from ref. 103). The histograms were

fitted to Gaussian functions to identify the most probable unbinding

force values.
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highly specific biomolecular interactions, such as antigen–

antibody complexes, generally are characterized by higher values,

while complexes with a ‘‘weak character’’ show lower force

values. However, a direct correlation between the unbinding

force value and the character of the interaction cannot be

established. In this connection, it is interesting to note that a

rather high unbinding force, around 100 pN, has been measured

for the electron transfer complex between azurin and cytochrome

c551; the transient character of such a complex making this

result particularly intriguing.38,83

Perhaps significantly, some variability in the unbinding

force value has been observed when complexes with similar

biological functions are analyzed, e.g. for antigen/antibody

pairs. On the other hand, a particular attention has been

devoted to the biotin–avidin pair, or closely related complexes,

such as biotin–streptavidin, biotin–neutravidin pairs, which

are characterized by a strong affinity, and representing a kind

of benchmark for investigating the properties of biomolecular

complexes. Indeed, the study of these complexes, under

different conditions and by different research groups, has put

into evidence a rather large variability in the measured

unbinding force.12,29,77,107,122,126–129 For biotin–avidin, at a

loading rate of 1 nN s�1, unbinding forces values from 50 to

170 pN have been obtained, while for biotin-streptavidin,

values from 55 to 150 pN have been measured (see

Table 1).60,107,122 A similar variability in the unbinding force

values has been also observed in the experiments performed

using a biomembrane force probe.41,130 These discrepancies

have stimulated a revisitation of their unbinding process in the

light of the biomolecular complexity, involving an energy

landscape characterized by many nearly isoenergetic local

minima.60,131 During the binding and unbinding processes,

the partners can explore multiple energetic barriers which give

rise to a huge variety of possible unbinding paths, and then to

a spread of the unbinding force values.60 Measurements

performed at different temperatures, and even for long times,

allow to reach a complete relaxation of the system, making

possible to reconstruct the full energy landscape, and avoiding

discrepancies among experiments.41,132 Therefore, the recent

development of extremely stable AFM apparata characterized

by very low drift could be useful to study the unbinding

processes for long times.132

6. Models to analyze AFS data

6.1 Bell–Evans model

As already mentioned, the application of an external force to a

biomolecular complex drastically alters the energy profile

of the unbinding process, hence AFS measurements are

performed in non-equilibrium conditions. Development of

suitable models to extract information on the equilibrium

properties from non-equilibrium conditions has required large

efforts.

A phenomenological description of the effects of an applied

force on the energy profile of a reaction has been first provided

by Bell to describe cell-to-cell adhesion.30 According to him, a

forced dissociation can be described as a thermally activated

reaction in the framework of the reaction rate theory. More

specifically, using the Boltzmann Ansatz, Bell predicted a

decrease of the activation free energy for a reaction at zero

force, DG*(0), by a factor proportional to the applied force F:

DG*(F) = DG*(0) � Fxb; where DG*(F) is the activation free

energy under the application of a force F, xb is the reaction

coordinate corresponding to the separation between the

bound and the transition state, projected along the direction

of the applied force (see Fig. 1); xb is assumed to be not

affected by the force.30 Accordingly, the dissociation rate

koff(F), for an unbinding process under the application of a

force F, increases exponentially:

koff(F) = koff exp(Fxb/kBT) (4)

where koff is the dissociation rate at zero force (at equilibrium

condition koff = koff(0)). Consistently, the lifetime of the

complex, given by toff(F) = 1/koff(F) is shortened with respect

to that of a spontaneous dissociation. Due to this change in

timescale, even slow dissociation processes could become

accessible to the temporal resolution of AFS, which ranges

from milliseconds to seconds.

Table 1 Unbinding force and the dissociation rate koff for some ligand–receptor pairs; the measured loading rate at the unbinding force is also
reported. Multiple koff values refer to different fits of two different linear trends

Complex Unbinding force/pN Loading rate/nN s�1 koff/s
�1 Ref.

ab integrin–GRGDSP peptide 20 � 7 10 0.13, 59 � 7 115
Cadherin–cadherin 35 � 16 10 B1.8 37
p53/mdm2 105 � 6 3 B1.5 117
H Serum albumin–anti H serum albumin 244 � 22 10 113
Antilysozyme Fv fragment–lysozyme 55 � 10 10 0.001, 150 97
Mucin1–antibody 120 10 B2.6 � 10�3 34
Fv of fluorescein binding antibody–fluorescein antigen 160 � 15 10 0.062 35
Azurin–cytocrome c551 95 � 1 10 B6–14 38, 83
p53–azurin 75 � 15 10 B0.09 103
P-selectin–PSGL-1 ligand 115 � 40 10 87
Carbonic anhydrase–sulfonamide inhibitor 65 10 0.8–3.4 133
Thrombin–aptamer 4.5 3 114
PDZ Domain–recognition peptide 120 10 0.03, 11 135
Biotin–avidin 50 1 10 122
Biotin–avidin 130 1 B6.5 � 10�6, 0.08 112
Biotin–streptavidin 150 1 B1.7 � 10�5, 2.09 112
Biotin–streptavidin 55 1 23 � 16 60
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Evans and Ritchie, starting from the Bell’s assumption,

derived a description of the unbinding process in terms of a

crossing over a single, sharp barrier through the application of

a time-dependent force F(t), providing thus the dependence

of the unbinding force on the loading rate.30,31 Such

a phenomenological model, commonly named the Bell–Evans

model,133 is based on a series of commonly accepted

assumptions: (i) the loading rate during a measurement is

constant, and then the force increases linearly with time, i.e.

F = Rt; (ii) a single couple of interacting biomolecules is

investigated during the process; (iii) the rupture time is longer

than the diffusional relaxation time and the occurrence of a

rebinding process is neglected; (iv) the pulling coordinate is

implicitely assumed to coincide with the reaction coordinate.

On such a basis, the survival probability S(t) of the process,

i.e. the probability that the unbinding has not yet occurred at

the time t, has to satisfy the first-order rate equation with a

time-dependent dissociation rate koff(F(t)):

dS(t)/dt = �koff(F(t))S(t) (5)

and thus:

S(t) = exp[�
R
t
0koff(t

0) dt0] (6)

S(t) is connected to the unbinding force probability distribution

P(F) by: P(F) dF = � _S(t) dt where t is the lifetime of the

complex. Then, the probability distribution P(F) is:40

PðFÞ ¼ koffðFÞ
R

exp �
Z F

0

koffðF0Þ
RðF0Þ dF0

� �
ð7Þ

where the relationship dF = Rdt has been used. By introducing

the Bell’s assumption, and carrying on the integration in

eqn (7), P(F) becomes:

PðFÞ ¼ koff
R

exp
Fxb
kBT
þ koffkBT

xbR
1� exp

Fxb
kBT

� �� �� �
ð8Þ

This distribution is asymmetric and skewed towards low force

values.41,89,134 Notably, the real unbinding force distributions

often show an opposite trend with a skew towards high forces.

Such a behaviour could be due to the contribution to the

unbinding forces arising from other effects, such as different

binding sites, multiple events, binding heterogeneity, as

already mentioned.34,119 The most probable unbinding force,

F*, at a fixed value of the loading rate, can be then obtained by

calculating the maximum of the P(F) distribution, which is

given by eqn (8):31

F� ¼ kBT

xb
ln

Rxb
koffkBT

� �
ð9Þ

Eqn (9) puts into relationship the most probable force F*, at a

given loading rate, with the dissociation rate at zero force, koff,

and the position of the energy barrier along the reaction

coordinate, xb (see Fig. 1). More specifically, it predicts a

linear relationship between the most probable force F*, with

the logarithm of the loading rate. Therefore, by measuring the

most probable unbinding force as a function of loading rate

and plotting F* vs. lnR, koff and xb can be extracted from the

slope and intercept, respectively, of the fitting linear curve.

The modality in which AFS measurements are done by

varying the loading rate, is commonly termed dynamic

force spectroscopy (DFS). DFS experiments are commonly

performed by changing the retraction speed, while keeping the

approach speed constant;35 the former being usually varied in

the 0.1–100 nN s�1 range.16

The Bell–Evans model has provided a good description of

the unbinding force as a function of the loading rate for

several biomolecular complexes.

An example of a linear dependence for the measured most

probable force unbinding, with the loading rate (varying

between 1–100 nN s�1), is shown in Fig. 8; the extracted koff
and xb values by a fit through eqn (9) being also reported.

In Table 1, the koff values taken from literature for some

representative pairs of biomolecules are reported. Generally,

the koff rates vary in a very wide range, from 10�6 to 150 s�1;

such a variability being indicative that the kinetic properties of

biological complexes, at single molecule level, are characterized

by very different timescales. Remarkably, the koff values

obtained by AFS can be compared with those derived from

bulk techniques, such as SPR. In such a way, possible

differences in unbinding properties of interacting biomolecules

from those of bulk can be put into evidence.34,97,103

As discussed in section 2, the dissociation rate koff is

connected to the specificity of a biorecognition reaction.

Hence, its estimation, at single molecule level, constitutes an

important piece of information to elucidate the mechanisms

underlying the biorecognition processes.

For some systems, two different values of koff are reported in

Table 1. In these cases, the most probable unbinding force as a

function of the loading rate exhibits two distinct linear

regimes, and then two koff values have been extracted by two

independent linear fits. Such a behavior can be traced back to

the presence of two intermediate states in the unbinding

process, instead of a single barrier (see Fig. 9A and B).60,88

The presence of multiple barriers in the energy landscape

commonly emerges when unbinding processes are investigated

in a wider range of loading rates, and especially when the

analysis is extended to low loading rates.112,122,135 These

studies are becoming more and more accessible thanks to the

development of AFM equipments with a high stability in time.

Fig. 8 An example of a linear dependence of the loading-rate on the

most probable unbinding force F*. The solid line is a numerical fit of

experimental data to the Bell–Evans model (see eqn (9)) (data from

ref. 38). Best-fitting parameters are shown.
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From the study of the interaction between biomolecules

by AFS, the association rate kon, and then the association

constant, Ka = kon/koff, indicative of the affinity, can be also

derived. A rough estimation of the kon rate can be obtained by

following the procedure proposed in ref. 28. Accordingly, kon
can be given by kon = NAVeff/t0.5, where NA is the Avogadro’s

number, Veff is the effective volume of a half-sphere, with

radius reff around the tip, which allows the biomolecule to

bind to the partner, and t0.5 is the time required for the

half-maximal binding probability; t0.5 being 2reff/v where v is

the approach speed of the cantilever. Therefore, upon determining

koff and kon, the association constant, Ka = kon/koff, can be

evaluated in single molecule regime and compared with that

obtained in bulk by other techniques. Notably, the equilibrium

activation free energy, DG, can be also calculated from eqn (2)

by a van’t Hoff plot of the logarithm of koff vs. 1/T.

6.2 Revisions of the Bell–Evans model

Although the Bell–Evans model has allowed to successfully

describe the trend of the most probable unbinding force with

the loading rate for several biomolecular complexes, deviations

from the linear trend, such as that schematically represented in

Fig. 9C (right), have been observed in some cases.39,40,115

Furthermore, some discrepancies have been registered in the

koff values, as evaluated for the same system.60 All these

aspects have led to search a more consistent and general

picture of the unbinding force trend as a function of the

loading rate, by developing new theoretical approaches or by

revisiting the Bell–Evans model.

General treatments of the unbinding processes for inter-

acting biomolecules have been proposed in the framework

of the Kramers theory of thermally activated barrier crossing

by assuming an analytical expression for the barrier potential

in the presence of an applied force.42,136 Hummer and Szabo

have proposed a harmonic free energy surface with a single

sharp barrier described by a cusp surface.40 They found

that, at intermediate pulling speeds, the most probable

unbinding force follows a trend with the logarithm of the

loading rate such as: F*B (lnR)1/2. We note that such a model

reduces to the Bell–Evans one if the free energy barrier is very

large (DG - N).

Alternatively, Dudko et al. have derived a model by assuming

a linear–cubic expression for the free energy surface.39 They

found that, for high forces, the distribution of the unbinding

forces is asymmetric and that the most probable unbinding

force follows the trend: F* B (lnR)2/3. Remarkably, the

models of Hummer and Szabo and of Dudko et al. have been

recently cast into a common framework, also including the

phenomenological approach of Bell–Evans.42 Accordingly,

the most probable unbinding force has been expressed as:

F* B (lnR)n where n can assume the value 1, 1/2 or 2/3

depending on which model better describes the behavior of the

system.

On the other hand, the Bell–Evans model has been revisited

in order to provide a more consistent description of the

experimental data. In the following, the main aspects of the

model, which have been object of revision, will be addressed.

(i) The Bell–Evans model assumes that the loading rate is

constant during the measurements. The loading rate value has

been first derived from the nominal loading rate obtained by

the product of the spring constant and the retraction

speed.87–88,112 Such an approximation is valid if the load on

the complex increases sufficiently slowly, so that there is time

for thermal fluctuations to drive the system over the energy

barrier.32 More appropriately, to take into account for the

contribution to the loading rate of the molecular stretching,

the nominal loading rate has to be replaced with the instantaneous

loading rate provided by the slope of the tether extension

curve close to the rupture event (see Fig. 5).35,108 However, the

very low reproducibility of the AFS data, especially when

polymer linkers are used, has led to question the assumption

that the loading rate is constant during the measurements.

Indeed, flexible polymer linkers, which are formed by highly

nonlinear springs, may undergo a stretching with a variable

path, yielding some changes in the loading rate values

from curve to curve.35 Accordingly, it has been suggested to

estimate the apparent loading rate by averaging the measured

effective spring constant over a collection of force curves

(at least ten) obtained at the same probe speed.137 Moreover, an

analytical model which corrects the systematic errors arising

from polymer tether elasticity, has been recently proposed.138

(ii) One mandatory requirement of the Bell–Evans model is

that the unbinding experiment is performed on a single couple

of interacting biomolecules. However, the unbinding events

might involve more than one pair. An extension of the

model to take into account for multiple unbinding has been

developed in terms of a Markovian sequence. In particular,

under the assumption that n bonds between several identical

couples in parallel break simultaneously in a uncorrelated

way, eqn (9) has been replaced by the following expression:139

1

R
¼ xb

koffkBT

Xn
l¼1

1

l2
exp �F�xb

lkBT

� �
ð10Þ

This provides a relationship between the most probable

rupture force F* and the effective loading rate R, which is

given by 1/n of the nominal loading rate, since it is shared

among the n bonds.120 The application of eqn (10), however,

requires some iterative processes to determine the effective

number of interacting pairs.34

Fig. 9 Left: schematic diagrams of the energy profile for a dissociation

process of a biomolecular complex. Right: the corresponding trend for

most probable unbinding force F* as a function of the loading rate.
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(iii) The Bell–Evans model assumes that during the

measurements, the rebinding between the two partners is

negligible. Indeed, if measurements are performed at sufficiently

slow rates, some relaxation and rebinding process could take

place. Actually, in near-equilibrium processes, rebindings do

occur and the unbinding force becomes almost independent on

the loading rate.136 On the other hand, measurements in the

slow regime offer the possibility to extract information on the

free energy change which are not accessible to standard

AFS experiments. Recent theoretical works have provided a

quantitative description of the influence of a finite rebinding

probability on the unbinding process under the effect of an

external force; this leading to a new piece of information on

the systems at equilibrium.140,141

(iv) Finally, a method, based on a generalization of the

Bell–Evans approach to directly determine the force-dependent

lifetime t(F) from the rupture force histograms. has been

developed. 142 Such an approach has the advantage to

maintain some validity even when the pulling coordinate does

not coincide with the reaction coordinate.

6.3 Free energy estimation by the Jarzynski identity

The knowledge of the equilibrium free energy, DG, which gives

the difference between the free and bound state of a reaction, is

of utmost importance for understanding the properties of a

biorecognition process. For an unbinding process of two

interacting biomolecules, DG is related to the association

constant, Ka, through the expression:

Ka = exp(DG/RT) (11)

In principle, the evaluation of DG requires the accessibility of

the equilibrium regime together with a complete sampling of

the configurational space.143,144 However, many experiments,

including AFS, are performed in non-equilibrium conditions.

Recently, a theoretical model allowing a direct evaluation of

the free energy difference, DG, from non-equilibrium experiments,

has been developed by Jarzynski.43 The main result is

summarized by the Jarzynski identity (JI):

expð�DG=kBTÞ ¼
Z

rðWlÞ expð�Wl=kBTÞ dWl ð12Þ

whereWl is the mechanical work done along the non-equilibrium

path l and r(Wl) is the non-equilibrium work distribution.

The work can be calculated by: Wl =
R
F dl where F is the

external force applied to the system. Generally, application of

eqn (12) requires that multiple measurements of Wl at a

sufficiently high signal/noise ratio are available.

Although the JI is formally simple, its application to single

molecule experimental data can present some difficulties from

both the theoretical and experimental points of view; for a

discussion on these aspects, see refs. 143 and 145. In particular,

it is of utmost importance that the multiple measurements are

performed exactly under the same conditions 146 and this

requires that the employed AFM equipment is very stable

in time.

Starting from the Hummer and Szabo remodelling of the JI

to the analysis of single molecule experiments,146 the JI has

been then applied to reconstruct the free energy landscape of

the irreversible unfolding of molecules.143,147,148

Very recently, the JI has been applied to the study by AFS

of the unbinding process of a biological complex.149 To

calculate the equilibrium free energy difference, DG, the

following expression has been used:

expð�DG=kBTÞ ¼
XN
i¼1

1

N
expð�Wi=kBTÞ ð13Þ

where N is the number of independent repetitions of the

process, Wi is the work done from the applied force and the

corresponding extension of the molecular system along a

particular path. Notably, eqn (13) is equivalent to eqn (12)

forN-N. In practice since the limited number of experiments,

the standard deviation of the work should be not greater than

kBT and the measurement errors should be kept sufficiently

low over a rather large number of trajectories.143 Further-

more, the pulling apparatus should be equilibrated at a

fixed, initial position in all the trajectories.147 The application

of the JI to evaluate the free energy of unbinding processes

deserves significant interest as it provides capabilities

for a deep investigation of biological complexes at single

molecule level.

7. Summary and future perspectives

In the last few years, the study of the mechanisms which

govern the interactions between biomolecules has received new

impetus from the application of single molecule spectroscopies.

While in conventional ensemble experiments, large numbers of

biomolecules are interrogated simultaneously and average

properties are extracted, in single molecule experiments

molecules are probed one at a time, gaining access to an

incredible wealth of information.

AFS represents one of the most rewarding tools for studying

biological recognition processes, allowing to measure forces

acting between individual biomolecules with a pN sensitivity,

in near-physiological conditions and without labelling.

Furthermore, AFS experiments provide information on the

dissociation rate, koff, and on the activation free energy for a

single couple of interacting biomolecules, complementing

traditional biochemical approaches.

AFS is part of the technologically advanced family of

scanning probe microscopies (AFM, conductive-AFM, STM,

etc.), which are progressively becoming more appreciated in the

biophysical and biological community, and are widely applied

to study a large number of biomolecular complexes. AFS has

also demonstrated enormous capabilities for investigating

non-conventional aspects of biorecognition processes, averaged-

out in the ensemble studies, such as rare events, influence of

local environmental changes, molecular crowding, molecular

heterogeneity, conformational changes, etc. Furthermore,

it allows to clarify how the biorecognition ability of bio-

molecules, and their kinetic response, are modified when they

undergo a diffusional restriction upon immobilization on a

surface. In this respect, the combination of AFS with the SPR

bulk technique could be very fruitful to gain further comple-

mentary information on biomolecular specific interactions.

The occurrence of some controversial and ambiguous AFS

results from new biological complexes, or from paradigmatic,

746 | Chem. Soc. Rev., 2010, 39, 734–749 This journal is �c The Royal Society of Chemistry 2010



well-investigated systems, such as biotin–avidin, has led to

revisitation of some experimental and theoretical aspects

of AFS. Among these, three main crucial points deserving

particular attention, have been outlined. First, the requirement

of sampling only one pair of biomolecules during AFS

experiments, should be satisfied, at the best, to avoid

complications in the data analysis. Accordingly, large efforts

have been devoted to develop immobilization strategies which

are able to drastically reduce the probability that more than

one pair of interacting biomolecules is investigated. Even if a

definite strategy, suitable for all the systems, has not been

implemented, a collection of several, widely-tested strategies

are now available to be adapted to the system under analysis.

Second, a special care should be paid to reliably discriminate

between specific and nonspecific unbinding events. This task

can be fulfilled, at the best, by performing a deep analysis of

the force curve cycles, with a particular attention to the

properties of the curve immediately before the jump-off-

contact. Such an analysis is greatly facilitated by the use of

suitable flexible linkers connecting the inorganic surfaces with

the biomolecules, and undergoing a controlled stretching

during the unbinding process. In this respect, automatic

procedures to analyze the large amount of force curves of an

AFS experiment have started to be implemented, promoting,

in this way, AFS as a routine approach in research laboratories.

Third, a more reliable description of the non-equilibrium

force-driven AFS data is required in order to gain a deeper

insight on the equilibrium parameters. In this connection,

the application of new theoretical tools, such the Jarzynski

identity, for analyzing unbinding processes appears to be very

promising to reach a full description of the energy landscape of

the biological systems. Furthermore, the complexity of the

energy landscape of biomolecules, characterized by many

isoenergetic local minima, should be taken into account to

yield a consistent description of biorecognition processes.

It can be easily predicted that AFS will undergo significant

improvements and developments in the near future. The quite

recent introduction of low-drift AFM apparata could lead to

significant advances in AFS experiments, making possible to

perform measurements for long times, and then to follow

processes at near-equilibrium.132 At the same time new high

speed AFM equipment makes it possible to monitor fast

biological events in real time.150

Moreover, the coupling of AFS with other single-molecule

techniques is very promising to provide, in perspective, a

deeper description of the biorecognition processes. On the

other hand, the combination of AFS with high-resolution

AFM imaging could offer the possibility to get insights into

the interplay between structure and functionality.

Finally, AFS can also be a valuable tool for applications in

nanotechnology through the coupling of single molecule

manipulation with the detection of mechanical, chemical

and electrical effects for the developments of innovative

nanodevices, such as molecular motors, biosensors, etc. In

particular, AFS has demonstrated to display high potentialities

in nano-biodiagnostics especially in combination with ultra-

sensitive optical spectroscopies, such as advanced fluorescence.25

Furthermore, force detection combined with measurements

by STM or conductive-AFM, by employing conductive

substrates (e.g. gold, graphite or even nanotubes), could

be an optimal starting point for advanced applications in

innovative biosensors.
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